
Nanoscale

PAPER

Cite this: Nanoscale, 2021, 13, 19973

Received 10th August 2021,
Accepted 6th November 2021

DOI: 10.1039/d1nr05230f

rsc.li/nanoscale

Gauging surface charge distribution of live cell
membrane by ionic current change using
scanning ion conductance microscopy†
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Ning Gu *a,d

The distribution of surface charge and potential of cell membrane plays an indispensable role in cellular

activities. However, probing surface charge of live cells under physiological conditions, until recently,

remains an arduous challenge owing to the lack of effective methods. Scanning ion conductance

microscopy (SICM) is an emerging imaging technique for imaging a live cell membrane in its native state.

Here, we introduce a simple SICM based imaging technique to effectively map the surface charge con-

trast distribution of soft substrates including cell membranes by utilizing the higher surface charge sensi-

tivity of the ionic current when the nanopipette tip is close to the substrate with a relatively high current

change. This technique was assessed on charged model substrates made of polydimethylsiloxane, and

the surface charge sensitivity of ionic current change was supported by finite element method simu-

lations. With this method, we can distinguish the surface charge difference between the cell membrane

and the supporting collagen matrix. We also observed the surface charge change induced by the small

membrane damage after 1% dimethyl sulfoxide (DMSO) treatment. This new SICM technique provides

opportunities to study interfacial and cell membrane processes with high spatial resolution.

1. Introduction

The surface charge and surface potential are the intrinsic pro-
perties of cell membrane and the microscopic distributions
play profound roles in important cellular activities, such as
cell signalling processes, cell–cell communication, and tissue
formation.1–3 Optical microscope-based techniques, especially
fluorescence microscopes, are powerful and widely used in cell
and tissue imaging. However, the electrostatic and electro-
chemical properties of cell membrane are still difficult to be
imaged with sufficient spatial and time resolutions.2,4 As a
surface imaging technique, atomic force microscopy (AFM)
based methods can perform imaging of surface potential/
charge distribution in various types of biological samples at a

sub-nanometer resolution. Kelvin probe force microscopy
(KFM) can perform nanoscale imaging of surface potential by
the measurement of contact potential difference between the
probe and sample.5,6 Electrostatic force microscopy (EFM) has
been used in the characterization of charge distribution,
charge density and charge migration in various biological
samples.7,8 However, these measurements can only work
under harsh conditions and the physical contact between the
scanning probe and sample surface inevitably impairs the deli-
cate surface of the sample.5,9,10 Another scanning probe
microscopy method, scanning ion conductance microscopy
(SICM),11,12 has emerged as a powerful imaging technique for
non-invasive topographical mapping of the live cell membrane
with nanoscale resolution in physiological environments and
has been used to monitor the dynamic changes of the cell
membrane induced by various cellular activities, such as life
cycle and endocytosis, and by the exposure to external stimuli,
such as virus and nanoparticles.13–20 In SICM, the scanning
probe is an electrolyte-filled pipette with a sub-microscale to
nanoscale opening at the tip orifice, which was pulled from
glass or quartz capillaries.21 As the nanopipette tip approaches
close to the sample, the ion current changes quickly and is
proportional to the probe–sample distance (Dps), which is used
as the feedback signal to control Dps. This technique does not
require a direct physical contact between the scanning probe
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and sample, thus minimizing the disturbance to imaged
surface. The ionic current feedback is robust and researchers
have confirmed that the changes of a membrane can be
tracked using SICM for days in a stable environment.13,14,22,23

The ionic current response in SICM is inherently sensitive
to the variations of the local electrostatic environment in the
region between the nanopipette tip and sample. These vari-
ations may be caused by surface charge/potential heterogene-
ities, ion concentration gradient, surface reactions, and other
interfacial processes.24–27 In principle, the ionic current can be
utilized for surface charge mapping if we can better deconvo-
lute the contribution of surface charge to ionic current
change. Compared with fluorescence methods, SICM is
expected to reveal the surface charge/potential of non-labelled
living cells with higher spatial resolution.21 In recent years,
there are several works to advance the surface charge/potential
mapping capability of SICM. McKelvey et al. reported the first
method to image surface charge based on the phase shifts
observed in the distance-modulated mode.28 A bias modulated
SICM was also demonstrated to simultaneously acquire both
the topography and charge distribution of cell surface, and
surface charge maps were generated with the support of
simulations.29,30 The same group also developed a simplified
method, differential-concentration SICM, to map the surface
charge of PC12 cells.24 Klausen et al. obtained the topographi-
cal images of lipid bilayers at both positive and negative
biases, and the difference of the two topography images
revealed the surface charge distributions of the lipid mem-
brane, which would be difficult to capture the dynamic
changes of cell membranes.31 Instead of current detection, a
surface charge imaging method based on potentiometric
measurement was demonstrated by distinguishing the nano-
pores of a porous membrane through surface potential
mapping.32 We recently also developed a simplified potentio-
metric SICM method for simultaneous topography and surface
potential imaging of live cell membranes by recording both
current and open-circuit potential (OCP) signals.21,33 However,
both the current and OCP signals needed to be recorded sim-
ultaneously and the imaging speed is relatively slow.

These recent progresses suggest the development of surface
charge/potential imaging methods for live cell membranes
based on SICM is promising. Obviously, the development is
still in the early stage and each method has its own advantages
and disadvantages. In this work, we developed a simple
method to map the surface charge contrast by directly using
the ionic current change at each pixel in approach-retract scan
(ARS) mode (also called hopping mode).34,35 Based on single
point approach-withdraw measurements and the numerical
simulations by the finite element method (FEM), the current
change is more sensitive to the surface charge of substrate
when the tip is closer to the substrate. To enhance the sensi-
tivity of ionic current change to surface charge, we allow a
bigger change in the current by using a relatively fast scanning
speed. The larger current change ΔIf during the ARS fine scans
is utilized for surface charge contrast mapping. We tested the
surface charge sensing capability of this method by using

charged polydimethylsiloxane (PDMS) substrates. The soft
PDMS substrate can protect the nanopipette tip even when the
tip is very close to the surface, and the tip is also flexible
enough to minimize the damage to sample surface. The
closest distance of the tip to sample can still be controlled
reasonably well, and the topography image can be acquired
without obvious distortions and significant artifacts. The ΔIf-
based SICM method worked reasonably well on rougher gold
deposited PDMS substrates. This new method was then uti-
lized to map the surface charge contrast distribution of live
cell membrane and we could distinguish small changes of cell
membrane induced by dimethyl sulfoxide (DMSO) treatment.
These measurements serve to illustrate an effective gauge of
imaging interfacial properties besides topography with the use
of ΔIf-based SICM. The extracellular surface charge distri-
bution of live cell membrane can be used as a new marker to
monitor the cell status and activities. With the continued
development of various SICM based multifunctional imaging
methods,36 we anticipate the wide applications of SICM in the
interfacial process and cellular biology.

2. Experimental
2.1 Materials and buffer solutions

All chemicals were purchased from Sigma Aldrich and Fisher
Chemical, unless otherwise mentioned. All solutions were pre-
pared using deionized water (∼18 MΩ) from an Ultra Purelab
water purification system (ELGA/Siemens). Phosphate buffered
saline (PBS) was used as the standard electrolyte solution for
modified PDMS substrate measurements.

2.2 Nanopipette fabrication

Borosilicate glass capillaries (o.d. 1.0 mm, i.d. 0.58 mm;
BF100-58-15, Sutter Instrument) were cleaned with piranha
solution (a 3 : 1 mixture of sulfuric acid and 30% hydrogen
peroxide) for 30 minutes prior to use. Nanopipettes were
pulled from the cleaned glass capillaries via a P-2000 laser
puller (Sutter instrument) with the following parameter:
HEAT = 275, FIL = 4, VEL = 50, DEL = 225, and PUL = 150.
Nanopipette tips imaged by a JEOL JSM-6330F scanning elec-
tron microscope (SEM) were sputtered with gold (5 nm thick-
ness). Details of the nanopipette characterization are given in
the ESI.†

2.3 SICM setup and approach curve

A SICM (Park System) was placed on a Nikon Eclipse Ti-U
inverted microscope, which helps to position the nanopipette,
and optical microscope images were obtained using a CCD
camera. A flexure guided XY scanner was used for sample posi-
tioning and scanning, separated from the topography feedback
mechanism of the Z scanner. A glass nanopipette with a tip
inner radius of about 35 nm was used as the scanning probe.
One Ag/AgCl wire electrode (prepared by dipping a 0.2 mm
diameter polished Ag wire in bleach for half hour) was
inserted in the nanopipette barrel filled with the electrolyte,
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while one Ag/AgCl pellet electrode (Park System) was sub-
merged in the bath solution. Typically, a constant sample bias
(Vs) was applied to the bath solution, while the current sensing
barrel was connected to a low-noise and high-precision current
amplifier with virtual ground. For comparison, a tip bias (Vt)
was applied to the nanopipette, and the bath solution was
grounded. The single-point approaching current-distance (I–D)
curves at different bias polarities and modes were recorded on
charged PDMS substrates with an approaching speed of
0.3 µm s−1 and a large current setpoint (typically 90%).
Because of the flexibility of the tip, the slow approaching
speed and the softness of the PDMS surface, the tip touches
the surface gently. No obvious damage to the tip was noticed
based on the measured current and the tip can be used
repeatedly.

2.4 SICM imaging

SICM imaging was conducted in the ARS/hopping mode. For
each line scan, the system first performs a coarse scan (typical
33 points) to assess the overall surface height variation,
approaching about 4 μm to reach half of the pre-set setpoint of
current change (1%), and then a fine scan (typically 128
points) is implemented. The nanopipette is supposed to stop
immediately when the current change exceeds the 2% set-
point. However, because of the time for current averaging (to
remove noise) and piezo response, there is typically a small-
time delay (<1 ms) for the system to react to stop the tip in our
ARS mode.33,37 This time delay can induce a large current over-
shoot, which is typically about 10%, when we use a relatively
high approaching speed of about 85 µm s−1. It should be
noted that the time delay is also related to the surface pro-
perties such as surface roughness and typically the delay time
is longer when the surface is rougher. We therefore need to
adjust the imaging parameters for different samples to remain
about 10% current change. The typical time traces of tip dis-
placement (Z) and ionic current (I) acquired during coarse and
fine scan using a positive Vs value are shown in Fig. S4.† The
higher current change percentage suggests a smaller
minimum Dps (Dps-min) at current Ips-min. In addition, in the
fine scan, the nanopipette does not withdraw very far from the
surface, which induces the current Ips-max at Dps-max is different
from the initial current I0 at the initial distance D0. We defined
the overall current drop percentage = (I0 − Ips-min)/I0, fine
current decrease ΔIf = Ips-min − Ips-max and fine current drop
percentage = ΔIf/Ips-max. It turns out the ΔIf value and fine
current drop percentage are very sensitive to the surface
charge. We therefore use ΔIf to construct a surface charge con-
trast map. The time traces of Z and I during the SICM imaging
were extracted out from the SICM controller through a signal
access module and recorded by an oscilloscope (Yokogawa
DL850) with a sampling rate of 5 kHz. The bandwidth settings
for Z and I are 500 Hz and 400 Hz, respectively. The ΔIf based
surface charge images were constructed by home-built
LabVIEW programs after the topography imaging. It usually
takes about 10 min to complete one 10 × 10 µm image (with
128 × 128 pixels, unless specified otherwise).

2.5 Cell culture

HeLa cells were cultured in complete media (a mixture of
DMEM containing 1% penicillin/streptomycin and 10% fetal
bovine serum) in a 5% CO2 incubator at 37 °C. Cells were
seeded at low confluency to allow single-cell measurements.
DMSO was added to complete media at different final volume
ratios (0%, 0.5%, 1% and 2%). For the transmembrane poten-
tial recording, HeLa cells were seeded on a cover glass. For the
ΔIf-based SICM imaging, cells were placed on a collagen hydro-
gel-modified PDMS substrate in a 40 mm size cell culture Petri
dish (see the previous report).21 After 30 min DMSO treatment
with different concentrations, the cell samples were rinsed
with 1× PBS solution three times. All cell experiments were per-
formed in fresh complete media, while the nanopipettes were
also filled with the same media.

2.6 Patch clamp experiments

Transmembrane potential recordings were performed with the
current-clamp configuration in whole-cell mode using an
Axopatch 200B amplifier (Molecular Devices), and the data
were ingested into the software Axoscope 10.5 (Digidata 1440A,
Molecular Devices). To avoid cell-to-cell variations, the experi-
ments were repeated three times.

2.7 Data collection and analysis

The data analysis was carried out by XEI (Park Systems),
Gwyddion, LabVIEW (National Instruments), and Origin Pro
(OriginLab Corp.). The surface roughness and 3D topography
were analyzed by Gwyddion, and the ΔIf images were con-
structed by home-built LabVIEW programs.

3. Results and discussion
3.1 Current measurement by SICM

As a scanning probe microscopy technique, SICM uses the dis-
tance-dependent ion current through a glass nanopipette to
record the topography.38 An illustration of the SICM setup is
shown in Fig. 1a (see details in the Experimental section). The
SEM images of the nanopipette tip are shown in Fig. 1b, and a
nanopore with size about 70 nm can be resolved at the tip in
the inset. The ion current across the nanopipette depends on
the electrochemical properties of solution and the geometry of
the nanopipette tip. The foremost parameter of mapping
resolution is the inner radius (rpore) of the tip, as the resolution
limit has been proved to be approximately 3rpore.

39

In experiments, we chose PDMS as a model substrate
because it is soft, transparent and biocompatible.40 PDMS has
been widely used as the substrate and scaffold for cell and
tissue studies.41 To prepare charged surfaces, the flat PDMS
substrates were sequentially modified with 3-aminopropyl-
triethoxysilane (APTES, positively charged at the neutral pH)
and bovine serum albumin (BSA, negatively charged at the
neutral pH, see details in section ESI-2†).28,42 To understand
the current sensing mechanism, we first controlled the nano-
pipette to approach to a single point of modified PDMS sub-
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strates.43 Fig. 1c shows the typical approaching current–dis-
tance (I–D) curves collected on positively charged (black color)
and negatively charged (red color) surfaces. A +0.1 V Vs was
applied in the bath solution and the current sensing barrel
was grounded. When the nanopipette apex is far from the
substrate (i.e., 200 nm), the ion current is stable. As the nano-
pipette tip approaches closer to a substrate, the ion current
drops quickly.44 The overall distance dependent current
change can be generally explained by a simplified analytical
equation I(Dps) = I0(1 + B/Dps). B is the geometric factor of the
nanopipette tip. I0 is the initial current as the tip far from the
sample, which is mainly determined by the pore resistance
(Rpore). Dps is the distance between the pipette tip and sample
surface.

Because SICM relies on moving ions through the interfacial
region between the tip and sample, the influence of the com-

position of the electrical double layer, a consequence of
surface charge, can be investigated.45 As shown in Fig. 1c, the
current drops are affected by the surface charge of modified
substrates. The percentage of current drop over the
APTES-PDMS surface was slightly smaller than that over the
BSA-PDMS surface. With a positive Vs (+0.1 V) applied in the
solution, the positive surface charge of the substrate can
enlarge the potential difference across the nanopore, thus the
ionic flux across the nanopore is enhanced, which slows down
the drop of current induced by the decrease of Dps. Near 10%
current decrease, the difference of current on positively and
negatively charged surfaces is bigger. At a higher current drop
percentage, the current decrease is slower and the current
difference due to surface charge becomes smaller, which may
be attributed to the deformation of the PDMS substrate
induced by the weak hydrostatic force of the approaching

Fig. 1 Simultaneous topographical mapping and surface charge contrast imaging by ΔIf-based SICM. (a) Schematic of the SICM configuration with
a borosilicate glass nanopipette as a probe. (b) The side-view SEM image (scale bar, 1 μm) and end-view SEM image (scale bar, 100 nm) of a typical
SICM nanopipette tip. (c and d) Typical approaching I–D curves for ionic current on a positively charged substrate (APTES-PDMS, black) and a nega-
tively charged substrate (BSA-PDMS, red) in 1× PBS buffer using +0.1 V Vs (c) and −0.1 V Vs (d). The grey range indicates the current change used for
surface charge contrast mapping.
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nanopipette.46 We therefore typically used the near 10%
overall current change in the following surface charge contrast
mapping on both modified substrates and cell membranes.

We have also conducted systematic tests to collect the ionic
current approach curves over charged PDMS substrates using
both Vs and Vt modes at ±0.1 V. The outcomes of these tests
are shown in Fig. 1c, d and S2b.† As expected, the applied −0.1
V Vs instead produced a bigger current change over the posi-
tively charged surface. In addition, the positive (negative) Vs
typically induces similar ion current curves to the positive
(negative) Vt, but with opposite polarity dependence of sub-
strate surface charge. In summary, the ionic current change as
a function of Dps is always affected by the surface charge of the
substrates as well as with the mode and polarity of applied
bias. Therefore, we can use the ionic current changes to gene-
rate surface charge contrast images.

3.2 FEM simulations

To better understand the experimental results, we simulated
the ionic current change over charged surfaces using the FEM.
The details of FEM simulations can be found in section
ESI-4.† The nanoprobe was modelled using a two-dimensional
axial symmetric geometry, and the nanoprobe was placed at
different Dps values from a charged surface (Fig. S5a†). For the
case of Vs, a constant bias (±0.1 V) is applied to the bath solu-
tion, and the back end of the nanopipette is grounded. For
comparison, we also simulated the case of Vt, in which a con-
stant bias (±0.1 V) is applied to the nanopipette while the bath
solution is grounded. To simplify the simulation,47 the finite
size of ion and water is ignored, and the system is assumed at
a steady state. With these simplifications, the simulation still
helps to understand the substrate surface charge induced
current changes. Fig. S5b† showed the distribution of electric
potential on a negatively charged surface at Vs of +0.1 V, and
the potential is +0.1 V in the bath solution and gradually
reduces to zero deep inside the nanopipette.

Fig. 2 compares the cation (K+) concentration profiles and
electric field distributions near the nanopipette tip on both
negatively (Fig. 2a and c) and positively charged surfaces
(Fig. 2b and d) at Dps = 35 nm with both Vs biases of +0.1 V
(Fig. 2a and b) and −0.1 V (Fig. 2c and d). With +0.1 V Vs, the
cation concentration in the nanopipette tip region is obviously
higher on the positive substrate than on the negative substrate.
Correspondingly, the electric fields of the nanopipette tip and
the substrate are partially overlapped in the same region on
the positive substrate. The cation and electric field results also
suggest the higher overlap of the diffuse double layer (DDL) of
charged surfaces between the nanopipette tip and the posi-
tively charged substrate at +0.1 V Vs. As shown in Fig. 2c and d,
the results are the opposite when −0.1 V Vs is applied.
Therefore, the ionic flux is always bigger with bigger DDL
overlap when the surface charge and applied external potential
in the solution have the same polarity to achieve an additive
result. These results confirm that the ionic flux of the nanopip-
ette is sensitive to the surface charge when the Dps value is
small.

We have simulated the ionic current approach curves over
substrates with different surface charge densities by changing
the Dps values from 400 nm to 35 nm. As shown in Fig. 2e, as
the Dps value decreases, the current change over the negatively
charged surface is faster and the drop percentage is slightly
larger than that over the positively charged surface at a Vs
value of +0.1 V, and the applied −0.1 V Vs produced a smaller
current change over the negatively charged surface (Fig. 2f).
We also simulated the current changes over charged surfaces
using Vt biases. The simulated results are shown in Fig. S6.†
When +0.1 V Vs is applied, the cation concentration in the
nanopipette tip region is obviously higher on the negative sub-
strate, and the electric fields are partially overlapped in the
same region. The results are the opposite using −0.1 V Vs. In
general, the plot with positive (negative) Vs is similar to the
plot with positive (negative) Vt, but with opposite substrate
surface charge dependence. Regarding the current changes as
a function of Dps on the charged surfaces, the simulated ionic
current approach curves support the experimental results we
discussed earlier (Fig. 1c, d and S2b†). Although we correctly
simulate the trend of current change, the difference of current
change and its change percentage is smaller than the experi-
ments. Due to the movement of tip, the fluid near the tip is
not steady. The motion of the fluid can reduce the screening
effect and enlarge the thickness of diffuse double layer.48

Therefore, the electroosmotic flow may also play a role in the
nanogap region between the tip and the substrate.

3.3 Validation of topographic imaging and surface charge
contrast mapping

The topography and surface charge contrast (ΔIf ) images of
modified flat PDMS substrates were recorded by the ΔIf-based
SICM method. Fig. 3a and b show the 3D and 2D topography,
respectively, of the BSA modified PDMS substrate using +0.1 V
Vs. We quantify the surface roughness by virtue of the surface
area ratio, which indicates the surface roughness, and the ratio
of BSA-PDMS substrate is calculated to be 288.5 in a 10 ×
10 µm2 area. The overall current drop percentage is about 12%
(corresponding to a fine current drop percentage of about
9.0%), which is much bigger than the 2% setpoint. Fig. 3c
shows the corresponding ΔIf image in a heatmap form. To
better understand the ΔIf image using ARS mode, the time
traces of tip displacement (Z) and ionic current (I), extracted
from the sites indicated in Fig. 3b and c, are presented in
Fig. 3d. As shown in the Z–t trace, in each pixel of the fine
scan, the nanopipette tip first approached to Dps-min from the
substrate, and then retracted back to Dps-max, followed by a
lateral movement (about 78 nm) to the next cycle. The gray
dashed line, which followed the lower envelope of the Z–t
trace, reflected the height variations on the BSA-PDMS surface.
The Dps-min value was controlled reasonably well, and the topo-
graphy image was acquired without obvious distortions. To
evaluate the tip damage, we compared the ionic current traces
of coarse scan before and after the BSA-PDMS imaging. As
shown in Fig. S7,† no obvious changes were observed in the
ionic current. Because both the PDMS substrate and nanopip-

Nanoscale Paper

This journal is © The Royal Society of Chemistry 2021 Nanoscale, 2021, 13, 19973–19984 | 19977

Pu
bl

is
he

d 
on

 0
8 

N
ov

em
be

r 
20

21
. D

ow
nl

oa
de

d 
by

 N
an

jin
g 

M
ed

ic
al

 U
ni

ve
rs

ity
 o

n 
1/

30
/2

02
3 

7:
49

:1
9 

A
M

. 
View Article Online

https://doi.org/10.1039/d1nr05230f


ette tip are flexible, the tip can still survive the higher current
overshooting and complete the imaging. Each pixel in the ΔIf
image was obtained from the current difference (Ips-min −
Ips-max) after completing a cycle of tip movement. Because of
the height dependency of ion current, the crosstalk between
surface charge and height cannot be completely avoided in the
ΔIf image. In general, ΔIf is the convolution of both surface
charge and height variation. To better understand the extent
of the convolution, we investigated both Z and I changes
during the fine scan. Compared with the Z changes in the Z–t
trace, ΔIf did not exactly follow the bigger Z changes (red
circles) in steep slopes, and bigger ΔIf appeared in other pixels

(blue cycle). Therefore, the ΔIf does not exactly follow the Z
changes. As we will show below, although we cannot quantify
the exact surface charge, the ΔIf image can map the surface
charge contrast of modified substrates with heterogenous
charge distribution (see sections 3.4 and 3.5).

3.4 Surface charge contrast mapping of flat PDMS substrates

To examine the capability of the ΔIf-based SICM method, we
compared the topography and ΔIf images of both positively
and negatively charged PDMS substrates. Fig. 4a and b show
the topography and ΔIf images of APTES and BSA modified
PDMS substrates. The surface roughness of both surfaces is

Fig. 2 (a–d) FEM simulation results of cation concentration (on the left of each subsection) and electric field distribution (on the right of each sub-
section) near the tip of the negatively charged nanopipette over different charged substrates using Vs biases (scale bar: 50 nm). Data are obtained
from a negatively charged surface (−25 mC m−2) at Dps = 35 nm using +0.1 V Vs (a) and −0.1 V Vs (c); a positively charged surface (25 mC m−2) at Dps

= 35 nm using +0.1 V Vs (b) and −0.1 V Vs (d). The mass-transport of the cations and the direction of the electric field are marked with white arrows.
(e and f) The simulated current changes versus Dps using Vs = +0.1 V (e) and Vs = −0.1 V (f).
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similar with the surface area ratio being about 276 and 282,
respectively. The values of ΔIf are always negative using +0.1 V
Vs. However, the ΔIf image of the BSA-PDMS surface is gener-
ally more negative with an overall green color than that over
the APTES-PDMS, reflecting its negative surface charge. The
drop magnitude of current was impacted by surface charge,
and a smaller current change on the positive surface than on
the negative surface was observed. As shown in Fig. 4c, the
fine current drop is in the range of about 8.5% on the
APTES-PDMS surface during fine scan, while the fine current
drop is in the range of about 10.6% on the BSA-PDMS. Based
on the plot in Fig. 1c, the corresponding Dps-min values are
about 25 nm and 35 nm, respectively, by means of the overall
current drop percentages (about 10.5% and 12.2%). The ΔIf
histograms are constructed with the ΔIf values at each pixel.
As shown in Fig. 4d, the negative shift of the ΔIf histogram
peak is evident from the −66.41 ± 3.93 pA of APTES-PDMS
substrate (i) to the −80.21 ± 7.93 pA of BSA-PDMS substrate
(ii). These modifications of PDMS substrates increased the
contrast of surface charge without changes of the mor-
phology, so the ΔIf value was mainly affected by surface
charge.

We have also tested both positive/negative Vs and Vt biases
under the same setpoint and other settings. In Fig. S8,† the
value of ΔIf is positive and the magnitude of ΔIf on the
APTES-PDMS surface (76.85 ± 4.40 pA) is much bigger than
that on the BSA-PDMS surface (62.04 ± 4.71 pA) when using
−0.1 V Vs. Therefore, the surface charge difference between
APTES and BSA modified PDMS substrates can be differen-
tiated by both Vs polarities. This is the same for the case of Vt
biases (see Fig. S9 and S10†). These results are consistent with
the ionic current sensing mechanism we discussed earlier,
suggesting that this ΔIf imaging method can be utilized for
surface charge contrast mapping. However, it is worth noting
that we typically observed the larger ΔIf difference using the Vs
modes, as the current changes are more pronounced. We thus
often use Vs bias for our cell imaging.

3.5 Surface charge contrast mapping of rough Au/PDMS
substrates

Having validated the application of ΔIf-based SICM on flat
PDMS surfaces for surface charge contrast mapping, we inves-
tigated whether this method could be applied on rough sur-
faces such as gold coated PDMS (Au/PDMS) substrates. As

Fig. 3 Simultaneously recorded topography and ΔIf images of the BSA-PDMS substrate. (a and b) The 3D and 2D topography images. (c) The
corresponding ΔIf image. (d) The time traces of Z movement (black) and ion current (blue) indicated in (b) and (c). The blue, red, and green shaded
regions in the Z–t trace indicating the approach, retract, and pixel move. All images were recorded in 1× PBS buffer using +0.1 V Vs.
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revealed by SEM images (Fig. S3b†), the Au/PDMS substrates
exhibit complex topographical structures, which are due to the
electrochemical etching during gold deposition. The surface
area ratio of Au/PDMS in a 10 × 10 µm2 region is around 912.
This number is about three times higher than the flat PDMS
substrate, confirming the roughness of the Au/PDMS surface.
To increase the contrast of surface charge, we modified the Au/
PDMS substrates with 4-aminothiophenol (4-ATP) and 4-mer-
caprobenzoic acid (4-MBA). At neutral pH, 4-ATP is positively
charged, and 4-MBA is negatively charged (see details in
section ESI-2†).

Fig. 5a shows the topography of 4-ATP-Au/PDMS obtained
with a mean fine current drop percentage of 3.4% (see Fig. 5c,
corresponding to an overall current drop percentage of about
9.4%). For the topography of 4-MBA-Au/PDMS in Fig. 5b, the
mean fine current drop percentage increased to 8.2% (corres-
ponding to an overall current drop percentage of about 14.1%),
provided that the pattern detected varies in height by about
2 μm. The features in the topography images are consistent with
the SEM images (Fig. S3b†), mixed with PDMS and gold regions.
The quality of the topography images is slightly lower than the
ones we acquired before using the potentiometric SICM
method.33 However, the feedback system still works reasonably
well even on complicated surfaces. By examining the topography
and ΔIf images, we discovered that the blue and green color
points appear around or in nanopits. The lower ΔIf pixels at
these nano-pits mean more 4-MBA likely gather in these holes,
where more gold depositions occur. These regions are more

negative than others, induced by the deprotonated carboxyl
groups of 4-MBA molecules. Both the contrast and magnitude of
ΔIf are weaker on the positively charged substrate, but stronger
on the negatively charged substrate. As shown in Fig. S11,† the
values of ΔIf became positive, and the magnitude of ΔIf on the
positively charged surface is much greater than that on the nega-
tively charged surface, when −0.1 V Vs was applied.

Fig. S12 and S13† show the topography and ΔIf images of
4-ATP and 4-MBA modified Au/PDMS substrates with Vt biases.
Using +0.1 V Vt, blue color regions appear in the ΔIf image of
4-ATP-Au/PDMS. These blue color regions are mostly deposited
with gold, suggesting that the 4-ATP modified gold surface is
more positive than the 4-MBA modified surface. The ΔIf images
are also sensitive to the surface charge using −0.1 V Vt, as the
values of ΔIf on the positively charged surface are smaller than
that on the negatively charged surface. The surface charge fea-
tures on rough substrates can be detected, which are proved by
both Vs and Vt modes. These observations follow the same
trend in flat surface results, which further substantiate that we
can qualitatively map the surface charge contrast of the hetero-
geneous surface using the ΔIf-based SICM method.

3.6 Simultaneous topography and surface charge contrast
mapping of live HeLa cells

We then used this ΔIf-based SICM method to image the live
cell surface. To induce surface charge changes to the cell mem-
brane, the cells were treated with the elevated level of DMSO,
which can induce transient or permanent changes and

Fig. 4 (a and b) The representative topography (left) and surface charge (ΔIf ) contrast images (right) of PDMS substrates modified with APTES (a,
positively charged) and BSA (b, negatively charged) using +0.1 V Vs. (c and d) The typical If time traces (c) and the ΔIf histograms (d) on APTES-PDMS
(i) and BSA-PDMS (ii) substrates. All images were recorded in 1× PBS buffer.
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damages to the cell membranes.49 It has also demonstrated
that DMSO can alter the elasticity of the membrane, even at a
relatively low DMSO concentration.50 Transmembrane poten-
tial measurements were performed to assess the short-term
effect of DMSO treatment of HeLa cells. In the optical micro-
scope images (Fig. S14a†), no apparent cell morphological
deformations were observed right after 30 min of DMSO treat-
ment with different concentrations (v/v, 0%, 0.5%, 1% and
2%). However, the recorded transmembrane potentials
became less negative with the increase of extracellular DMSO
concentration, as shown in Fig. S14b.† The depolarized cell
membrane confirmed that small cell membrane damages
occurred after the DMSO treatment. We focused on the cells
treated with 1% DMSO in the following SICM imaging.

For ΔIf-based SICM imaging, HeLa cells were seeded on the
PDMS substrate modified with collagen hydrogel, which pro-
vides a favourable local environment and protects the nanopip-
ette tip.21 Fig. 6a–f show the topography and ΔIf images of an
untreated cell and the cell after 1% DMSO treatment using +0.1
V Vs (20 × 10 μm, with 128 × 64 pixels). The white and black
solid lines in the topography and ΔIf images, respectively, indi-
cate the boundary between the cell and collagen hydrogel
matrix. By comparing the 3D and 2D topography images of
untreated and treated cells, no noticeable differences can be
observed. However, we are not able to tell if there are differences
in more detailed subcellular cell membrane structures due to
the limited spatial resolution.37 The surface roughness analysis
suggests that the surface area ratio of HeLa cells treated with
1% DMSO is about 179.9 in a 10 × 10 µm2 area, which is slightly

larger than the typical value of around 154 for the untreated
cells. Therefore, the 1% DMSO treatment only made the cell
membrane slightly rougher, which is attributed to the reorgan-
ization of lipid, proteins and actin filament of cell membrane.
The surfaces of both untreated and treated cells are much
smoother than those of the Au/PDMS substrates.

Because the relatively smooth surface and expansion of scan-
ning range, Dps-min is better-controlled, and the mean fine
current drop percentage is only about 2.4% (an overall current
drop percentage of about 8.4%). The current change is slightly
bigger on the 1% DMSO-treated cell, with the mean fine current
drop of about 4.0%. Both values are much smaller than that on
the modified PDMS and Au/PDMS substrates, resulting in a
much smaller ΔIf magnitude. As shown in both ΔIf images in
Fig. 6c and f, the collagen hydrogel modified PDMS surface
(orange/blue regions) is more positive than the cell surface. This
is consistent with the results obtained by the potentiometric
SICM method using a dual-barrel nanopipette.21 The ΔIf values
were generally homogeneous on the untreated cell and no
obvious heterogeneities were observed (see Fig. 6c). The overall
color of the ΔIf image on the treated cell surface (see Fig. 6f)
turns green/blue, suggesting a more negative surface. In
addition, we observed several blue dots with deep blue color
(more negative) in Fig. 6f, which may be attributed to the
damage sites of cell membrane. Fig. 6g reveals that the mean
ΔIf value is −32.54 pA for the treated HeLa cells, which is more
negative than that of the untreated cell (−19.07 pA). In contrast
to the noticeable changes of ΔIf values between untreated and
treated cell surfaces, the ΔIf values are similar on the collagen

Fig. 5 (a and b) The representative topography (left) and surface charge (ΔIf ) contrast images (right) of Au/PDMS substrates modified with 4-ATP (a,
positively charged) and 4-MBA (b, negatively charged) using +0.1 V Vs. (c and d) The typical If time traces (c) and the ΔIf histograms (d) on 4-ATP-Au/
PDMS (i) and 4-MBA-Au/PDMS (ii) substrates. All images were recorded in 1× PBS buffer.
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matrix regions at the corners in the ΔIf images. Therefore, the
1% DMSO treatment has negligible impact on the collagen
matrix. As seen from Fig. 6h(i, ii), the representative time traces
of Z movement and I along the black and blue dashed lines in
the 3D topography and ΔIf images exhibited the detailed
changes of height and ion current across the cell membrane
and collagen-modified PDMS surface. Compared with Z, signifi-
cant variations of ΔIf have been observed, and the ΔIf changes
do not exactly follow the changes in the Z–t trace. The very
different responses of Z and I confirm that ΔIf is mainly
affected by factors other than the Z changes, and the surface
charge variation should play an important role.

The surface charge of live cell membrane is mainly attribu-
ted to the electrostatic charges carried by biomolecules, such
as lipids and proteins. The DMSO treatment induced the com-
position and structural changes of cell membrane, likely intro-
ducing more negative charges to the membrane surface. The
surface damages also induce a higher permeability of the cell
membrane, which can expose the more negative interior and
allow the release of more cellular contents.51 A bigger ion flux
is expected through damaged sites, which can induce more
changes in ion concentration and local potential distributions
near the membrane. These changes can lead to an apparently
more negative cell surface after the 1% DMSO treatment.

4. Conclusions

In this work, we proposed a potent ΔIf-based SICM method for
recording the topography and revealing surface charge contrast
of soft substrates in solution and applied it to the membranes
of live cells. With a relatively fast scanning speed, the actual
current change is larger and the Dps value is smaller than the
values of typical SICM imaging conditions. Therefore, the
nanopipette tip often experiences stronger interactions with
the substrate and may be damaged by the rigid surface.
However, the method works well on soft substrates and the
acquired topography images show reasonable quality.
Importantly, although we cannot avoid the crosstalk between
topographic and surface charge changes, we found an
improved correlation between the percentage of ionic current
change and the charge polarity of substrate during scanning.
ΔIf shows significant differences between the positively and
negatively charged substrates with similar topographic fea-
tures, and the trend is supported by the FEM simulation.
Furthermore, a significant difference in the magnitude of ΔIf
has been found between the native cell and the cell after 1%
DMSO treatment. The observed differences are attributed to
the surface charge changes induced by small cell membrane
damages right after DMSO treatment. Compared with the

Fig. 6 Simultaneous topography and surface charge (ΔIf ) contrast images of untreated and treated HeLa cells after 1% DMSO treatment. (a and b)
The 3D and 2D topography images of an untreated cell. (c) The corresponding ΔIf image. (d and e) The 3D and 2D topography images of a treated
cell. (f ) The corresponding ΔIf image. The white and black solid lines in 2D topography and ΔIf images indicate the edge of cell. (g) The ΔIf histo-
grams are constructed from the whole ΔIf images in (c) and (f ), and the gray region indicates the ΔIf distributions of the collagen hydrogel on PDMS
substrates. (h) Simultaneously recorded time traces of Z (black) and ion current I (blue) through the black and blue dashed lines of the untreated (a
and c) and treated cells (d and f). All the images were recorded in fresh complete media using +0.1 V Vs.
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voltage sensitive dye-based fluorescence microscopy technique,
the ΔIf images by SICM can map the surface charge contrast of
non-labelled living cell membranes with a high spatial resolu-
tion. Compared with the potentiometric SICM method using a
double-barrel nanopipette, the quality (i.e., spatial resolution)
of topography images acquired by the ΔIf method is slightly
reduced and the surface charge measurement is less accurate.
However, this method is simpler in operation and faster in
imaging speed. In summary, we have developed a simple SICM
based surface charge contrast mapping method, which can be
a powerful technique for qualitatively mapping of surface
charge changes of complexed living cell membranes.
Acquiring changes in topography and surface charge distri-
bution simultaneously is advantageous for studying the physi-
ology and bioelectrical properties of soft live cell membranes.
This SICM method can complement the voltage-sensitive fluo-
rescence imaging techniques to provide high spatial resolution
and measure long-term electrical changes of live cells.
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